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A general trait of cell monolayers is their ability to exert contractile stresses on their surroundings.
The scaling laws that link such contractile stresses with the size and geometry of constituent cells remain
largely unknown. In this Letter, we show that the active tension of an epithelial monolayer scales linearly
with the size of the constituent cells, a surprisingly simple relationship. The slope of this relationship
defines an active tensile modulus, which depends on the concentration of myosin and spans more than 2
orders of magnitude across cell types and molecular perturbations.
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Epithelial cell monolayers are the simplest living
tissues that exist in nature, yet they are responsible for a
complex repertoire of physiological functions. This reper-
toire includes the ability to self-repair after injury, to adopt
complex shapes during morphogenesis, to compartmental-
ize organs into functional units, and to protect organisms
against environmental pathogens [1]. Epithelial monolayers
have been the subject of study for more than a century [2],
but the advent of life imaging and force microscopy
techniques has accelerated our fundamental understanding
of their mechanics. Recent discoveries include the ability of
cell monolayers to oscillate spontaneously [3,4], to exhibit
turbulence and fingering instabilities [5–7], to jam as a
function of cell density and geometry [8–10], to build up a
surface tension that scales with monolayer size [11], and to
display large dynamic heterogeneities [12].
Understanding this diverse and seemingly contradictory
phenomenology requires a detailed knowledge of the rheo-
logical properties of epithelial monolayers and of their
constitutive cells. Over relatively short time scales, these
properties have been extensivelymeasured and their origin is
known to be passive [13,14]. By contrast, over the slow time
scales relevant to cell migration, division, and remodeling,
the scaling relationships that link monolayer stress, strain,
and their rates are unknown. In this slow regime, cells behave
as active materials [15,16], the fluctuation dissipation theo-
rem breaks down [17–20], and physical forces trigger
mechanotransduction feedback loops that control cytoske-
leton remodeling and gene transcription [21,22]. Given the
complexity of this scenario, cellular stress and strain would
seem unlikely to obey a unique constitutive relationship.
Whether a shear modulus can be meaningfully defined over
time scales of hours is, thus, unclear.
Here we use 2D epithelial tissues as a model system to
ask whether there exists a universal relationship between
active tissue tension and cellular strain. We found that
monolayer tension varies linearly with strain so as to define
an active tensile modulus. This modulus spans more than
2 orders of magnitude across cell types and molecular
perturbations, and it depends on the concentration of
myosin that can be activated in the cell.
Using polydimethylsiloxane (PDMS) micropatterning
techniques as described in Serra-Picamal et al. [4], we
seed a (30–50)-cell-wide stripe of confluent cells on top of a
soft and elastic polyacrylamide substrate. After removal of
the PDMS membrane, the tissue invades the free space
mainly by spreading of its constituent cells. We use time-
lapse microscopy to image monolayer expansion every
3min during 15 h. Tomap the velocity components (Vx,Vy)
of the expanding tissue, we use velocimetry algorithms on
the phase contrast images [5]. To map tractions applied by
the cells on the deformable polyacrylamide substrate, we
use monolayer traction microscopy [4,23].
We study seven different experimental conditions,
including five different cell lines [Madin-Darby canine
kidney epithelial cells (MDCK), human mammary epi-
thelial cells (MCF10a), human retinal pigment epithelial
cells (RPE1), human breast carcinoma cells overexpressing
E-cadherin (MDA-Ecad), and human epidermoid carci-
noma cells (A431)] and two pharmacological treatments of
the MDCK cells, 25 μM blebbistatin and 10 μM hepato-
cyte growth factor (HGF). Blebbistatin inhibits myosin
contractility, while HGF boosts actin polymerization
dynamics and induces scattering of the monolayer.
Figure 1 shows phase contrast images of the seven
conditions immediately after removal of the patterning
membrane [Figs. 1(a)–1(g)], and after 240 min of expan-
sion [Figs. 1(h)–1(n)]. These images show that the texture
of the monolayer is diverse and that the size and aspect ratio
of constituent cells varies broadly across cell types and
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treatments. The organization of the cytoskeleton and
the localization and concentration of phosphorylated
myosin also display clear differences across cell types
(Supplemental Material [24], Figs. S1–S3).
The cell monolayers are designed with a large length-to-
width aspect ratio so that the system expands mostly in the
horizontal dimension (x dimension). To ensure that this is
the case, we first determine the strain rate tensor from the
spatial gradient of the velocity field _ϵij ¼ ∂Vi=∂j. To avoid
boundary effects, we average _ϵij over a region of interest
(ROI) defined as the central third of the tissue’s width
before migration, cutting 10% of the top and bottom limits
of the field of view along the y axis.
We then integrate in time the spatial averages of the
strain rate components in order to obtain the strain
components ϵij, taking care of correcting for the cell
division rate [24]. The strain values obtained using this
strategy are similar to those obtained by measuring strain
directly from image segmentation (Supplemental Material
[24] Fig. S4). The evolution in time of ϵxx and ϵyy clearly
shows that in all experimental conditions the monolayer
expands dominantly in the x direction (i.e., ϵxx ≫ ϵyy)
(Supplemental Material [24] Fig. S5). In the first hours after
removing the PDMS membrane, cells in all monolayers
remain cohesive and deform in the x direction at rates that
vary more than 1 order of magnitude across cell types and
treatments [Fig. 2(a)]. After this initial phase of spreading,
monolayers exhibit distinct behaviors. RPE1, MCF10a,
MDA-Ecad, and A431 cells, as well as MDCK cells treated
with blebbistatin either reach a plateau or tend to it.
By contrast, untreated MDCK cells exhibit underdamped
oscillations as previously described [4], and MDCK cells
treated with HGF break cell-cell adhesions and scatter
(Supplemental Material [24] Fig. S6).
Taking advantage of the quasiunidimensionality of
the system, we use a simple force balance in the x direction
to measure monolayer tension (γxx) [23]. Tension is
generated by the actomyosin network and is transmitted
through cell-cell adhesions across distances larger than
the size of a single cell [12]. γxx is obtained from the
spatial integration of the x component of the discrete
traction field as
FIG. 1. Phase contrast images of expanding monolayers just
after removal of the PDMS membrane (a)–(g) and after 240 min
of expansion (h)–(n) for seven different experimental systems:
MDCK (a),(h), MDCK-HGF (b),(i), MDCK-blebbistatin (c),(j),
MCF10a (d),(k), RPE1 (e),(l), MDA-Ecad (f),(m), and A431
(g),(n). Scale bar is 100 μm.
FIG. 2 (color online). (a) Time evolution of the strain ϵxx
averaged over the central ROI (1=3 of the initial pattern width) for
the seven experimental systems. MDCK (black filled circles),
MDCK-HGF (black open circles), MDCK-blebbistatin (black
crosses), MCF10a (magenta diamonds), RPE (green crosses),
MDA-Ecad (blue triangles), and A431 (red squares). Each curve
displays a representative experiment of n ≥ 3 experiments per
condition. For each condition we display only the initial phase of
expansion. The complete time course for each condition can be
found in Supplemental Material [24] Fig. S7 and additional
experimental repeats can be found in Supplemental Material [24]
Fig. S8. (b) Profile of tension across the monolayer for the seven
experimental systems at time 120 min after the start of the
expansion; same symbols as Fig. 2(a). (c) Temporal evolution of
the average of tension γxx over the ROI for the seven experimental
systems; same symbols as Fig. 2(a).








where hTxðk; jÞij is the y-averaged x component of the
tractions at coordinate i, and Δx is the spatial resolution of
the traction microscopy setup. γxx has units of surface
tension (N=m).
The obtained tension profiles are plotted in Fig. 2(b) at
an experimental time of 120 min. In all experimental
conditions, tension builds up monotonically from the edge
of the monolayer to reach a plateau in the central region.
The height of this plateau varies nearly 2 orders of
magnitude between the different conditions. MCF10a,
RPE1, and MDA-Ecad monolayers exhibit much higher
tension at the monolayer’s center than MDCK and A431
cells. As expected, blebbistatin reduces very significantly
the amplitude of monolayer tension while the effect of HGF
is minor at short times [Fig. 2(b)].
We next focus on the time evolution of average tension
in the central region of the tissue, hγxxiROI. In all
monolayers, hγxxiROI builds up with time in a roughly
linear manner [Fig. 2(c)]. The slope of this time evolution
varies broadly across cell types and pharmacological
interventions. Previous studies established that cell-
substrate stresses depend on substrate stiffness [27,28].
By contrast, we observe that the magnitude and time
evolution of hγxxiROI are independent of substrate stiffness
(Supplemental Material [24] Fig. S8), indicating that
monolayer tension is determined by cell-cell adhesion
rather than cell-substrate adhesion.
At longer times, monolayers exhibit distinct stress pat-
terns;MDCKcells reach an oscillatory regime, as previously
shown, whereas MDCK cells treated with HGF exhibit
vanishing tension as the monolayer scatters (Supplemental
Material [24] Fig. S6). Similarly, MDCK monolayers
lacking α-catenin are unable to build up tension, thus,
highlighting the collective origin of the observed tension
patterns (Supplemental Material [24] Fig. S6).
Our experimental approach provides us with simulta-
neous yet independent measurements of monolayer tension
and strain, thereby allowing us to study the active rheology
of the system. Upon plotting tension as a function of strain
during the initial buildup phase (Fig. 3), we observe a
striking linear relationship and so for all experimental
conditions. These results are reminiscent of a rheological
tensile test in a purely elastic sheet, where the tension vs
strain curve follows a linear dependence whose slope
defines an elastic modulus. We note, however, that our
experiments probe time scales ranging from 2 × 104 s
(MDCK-HGF) to 2 × 105 s (RPE1), well above the intra-
cellular relaxation time scales [19,29]. Therefore, the
apparent elasticity observed in all our experiments must
have an active origin. We term it effective active elasticity,
and we define the slope of the tension vs strain curve as an
active tensile modulus (Γx):
γxx ¼ Γxϵxx þ γ0: ð2Þ
Γx varies over 2 orders of magnitude across the different
cell lines ranging from Γx ¼ 1.30 0.36 mN=m for A431
monolayers to 180 65 mN=m for RPE1 monolayers
(Table I). When myosin activity is inhibited in MDCK
monolayers with blebbistatin, Γx decreases sharply, thus,
further emphasizing its active origin. Remarkably, the
linear behavior spans strains up to 0.4, a feature that is
rarely observed in soft elastic materials, which either strain
harden or yield at much lower strains [30–32].
At the beginning of the experiments (ϵxx ¼ 0), the
monolayer exhibits nonzero tension γ0, which suggests the
existence of a state of vanishing active tension at negative
strains, ϵ0 ¼ −γ0=Γx. By extrapolating the linear relation-
ship inEq. (2), we estimate the values of such negative strains
and the corresponding resting size of each cell type.
We interpret this resting size as the one that defines the
maximum packing of the monolayer. For MDCK cells, the
resting size is 12.1 1.7 μm, consistent with the maximum
densities reported in the literature for this cell type [8,23].
We then define a total cell strain as ϵtot ¼ ϵmax − ϵ0, where
ϵmax is the maximum strain reached by cells during mono-
layer expansion. ϵtot varies broadly across cell types;
while RPE1 monolayers exhibit weak elongation during
monolayer expansion (ϵtot ¼ 0.069 0.017), MDCK cells
treated with HGF more than double their resting size
(ϵtot ¼ 1.37 0.26) (Table I).
The active tensile modulus Γx appears to be an intrinsic
physical property of each monolayer. We, thus, investigate
whether its values can be explained by intrinsic features of
the cytoskeleton. As the simplest explanation, we consider
the possibility that Γx is proportional to the total amount
of myosin that can be activated in the system. When
contractility is not pharmacologically inhibited, such
FIG. 3 (color online). Tension-strain relationships for the
different experimental conditions. For clarity, the tension axis
is split. Same symbols as in Fig. 2. Each curve displays a
representative experiment of n ≥ 3 experiments per condition.




amount can be estimated from the total concentration of the
myosin light chain (MLC). We use Western blotting [24] to
quantify MLC in the different cell types (Table I and
Supplemental Material [24] Fig. S9). Upon plotting Γx as a
function of MLC, we observe a monotonic dependence
(Supplemental Material [24] Fig. S10), thus, supporting
that the total myosin that can be phosphorylated is a key
determinant of Γx. Consistent with this notion, the values of
Γx drop significantly when myosin is pharmacologically
inhibited (Table I).
We next investigate whether ϵtot can also be explained in
terms of intrinsic properties of the cytoskeleton. Following
experiments at the single cell level [33], we hypothesize
that when the cell reaches its maximum spread size the
myosin light chain is maximally phosphorylated. In this
case, the maximum active tension γxxmax is
γxxmax ¼ αMLC; ð3Þ
where α is a proportionality factor dependent on myosin
energetics and cytoskeletal structure. Replacing this





This relationship is consistent with the monolayer data
[Fig. 4(a)].
Finally, to further characterize the relationship between
monolayer dynamics and myosin activity, we extract the
time scale τ of tissue deformation from a linear fit of the
increase of ϵxxðtÞ with time. We find that τ increases
monotonically with the ratio MLC=ϵtot ([Fig. 4(b)]). This
result suggests that the effective viscosity of the monolayer
is affected by MLC.
The active tensile modulus reported here defines an
active surface tension that links local stress and strain in the
monolayer. This quantity is a key input for active models
of 2D tissues [34–40], but its value and functional form
have been thus far assumed without direct experimental
evidence. Using 2D clusters of MDCK cells as a model
system, Mertz et al. [11] demonstrated a tissue surface
tension defined as the ratio between the total force trans-
mitted to the substrate and the size of the cluster. The
surface tension reported by Mertz et al. [11] and the active
tensile modulus reported here might share a common
origin, but they are defined as the ratio between different
physical quantities, and they are obtained in different
mechanical scenarios and length scales [see the
Supplemental Material [24] Fig. S11).
Our findings reveal a paradox: at ultraslow time scales,
monolayers are composed of purely fluid stress-bearing
elements, yet they display stress-strain curves characteristic
of purely linear solids. A direct implication of this result is
that theoretical models of monolayer dynamics should
either be based on elastic elements or on an appropriate
combination of viscous and active elements that results in
effective elastic behavior [41–43].
Recently, Hawkins et al. [44] derived a 1D microscopic
model for the remodeling of active solids. At long time
scales, the model predicts a linear relationship between
stress and strain, thus, defining microscopically an effective
elastic modulus. Alternatively, the effective elasticity might
originate from an active regulatory mechanism by which
cells sense their spread area and regulate their levels of
contractility accordingly. How such regulatory mechanism
FIG. 4 (color online). (a) ΓX increases with MLC=ϵtot. The
black line is a power law of exponent 1, as a guide for the eye.
(b) Dependence of the time scale of the remodeling τ with
MLC=ϵtot. The black line is a power law of exponent 1, as a guide
for the eye; same color coding as Fig 2(a). For clarity error bars
represent 2 standard deviations.
TABLE I. Values of the main parameters obtained in the study for each experimental condition. For each cell type, the number of
repeats is three.
MDCK MDCK-HGF MDCK-bleb MCF10a RPE1 MDA-Ecad A431
ΓxðmN=mÞ 2.41 0.41 1.82 0.32 0.58 0.26 14.4 3.2 180 65 34.7 5.1 1.30 0.36
ϵtot 0.71 0.13 1.37 0.26 0.53 0.14 0.70 0.12 0.069 0.017 0.41 0.06 0.60 0.08
MLC (See Ref. [24], Fig. SI) 1 0.15 1.10 0.12 1.51 0.25 8.0 1.6 11.0 1.9 8.4 1.8 1.25 0.16
τ (min) 256 91 120 62 195 19 1180 280 14100 2800 1660 580 903 428




might be implemented at the molecular scale and what type
of feedback loops are required to maintain linearity up to
large strains are major open questions raised by our study.
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